primary lung cancer remains the leading cause of cancer-related death in the Western world, and the lung is a common site for recurrence of extrathoracic malignancies. small-animal (rodent) models of cancer can have a very valuable role in the development of improved therapeutic strategies. However, detection of mouse pulmonary tumors and their subsequent response to therapy in situ is challenging. We have recently described MrI as a reliable, reproducible and nondestructive modality for the detection and serial monitoring of pulmonary tumors. By combining respiratory-gated data acquisition methods with manual and automated segmentation algorithms described by our laboratory, pulmonary tumor burden can be quantitatively measured in approximately 1 h (data acquisition plus analysis) per mouse. Quantitative, analytical methods are described for measuring tumor burden in both primary (discrete tumors) and metastatic (diffuse tumors) disease. thus, small-animal MrI represents a novel and unique research tool for preclinical investigation of therapeutic strategies for treatment of pulmonary malignancies, and it may be valuable in evaluating new compounds targeting lung cancer in vivo. Magnetic resonance imaging MRI is a powerful imaging tool for characterizing animal systems and animal models of disease. In vivo MRI is a noninvasive and nondestructive technique that enables a wide variety of longitudinal (time-course) studies that are not possible with other destructive analytical methods. The vast majority of clinical and preclinical MRI studies involve the detection of signal from hydrogen nuclei in water. The observed signal depends on both the amount of water present in the sample and on the relaxation properties of that water. In magnetic resonance, spins are often characterized by two characteristic relaxation times: longitudinal (T1) relaxation, describing the return to equilibrium of the magnetization after radio frequency (RF) excitation, and transverse (T2) relaxation, describing the loss of signal following RF excitation. Further details about MRI, including T1 and T2 relaxation, can be found in a variety of standard NMR and MRI textbooks [36] [37] [38] . For the practical use of MRI (and the purposes of this article), it is sufficient to know that the water molecules in different tissues and organs often have different relaxation times, as do healthy and pathologic tissues. These differences in either T1 or T2 (or both) can be exploited to provide the contrast necessary to generate high-resolution MR images.
IntroDuctIon
Pulmonary tumors remain a major source of morbidity and mortality in our society [1] [2] [3] . Mouse models have a crucial role in advancing our understanding of malignancies and testing therapeutic options before initiating clinical trials. For example, recent clinical success in the blockade of cytotoxic T lymphocyte antigen-4 for treatment of malignant melanoma 4, 5 can be linked directly to related preclinical small-animal studies demonstrating the success of such a therapy 6 . Most of these preclinical experiments, however, rely on the subcutaneous injection of tumor cell lines, and response to therapy is evaluated by the direct measurement of tumor diameter 6, 7 . Although this approach may be valid for malignancies of the skin or soft tissue, it does not translate directly to the physiology of tumors that develop and grow in the lung because of considerable differences in immunosurveillance between the lung and subcutaneous sites 8, 9 . Traditional models for the study of orthotopic mouse lung cancer (i.e., tumors occurring within the lung) have relied on either the administration of carcinogen 10 or intratracheal or intravenous (i.v.) injection of lung cancer cell lines, which result in intrapulmonary tumor growth 11, 12 . The recent development of genetically engineered mouse models of lung cancer (e.g., activation of oncogenic K-ras, loss-of-function of p53) has substantially furthered the range of experimental tools available for modeling lung cancer and offered a reproducible and reliable system for studying biological and therapeutic strategies for treating lung cancer [13] [14] [15] [16] [17] [18] [19] [20] . Many investigators have relied on destructive modalities, such as killing animals and analyzing tumor burden by counting tumor nodules on lung blocks or histological slides 14, 21 , for monitoring intracavitary malignancies, such as lung cancer, and their response to therapy. The use of nondestructive imaging modalities such as computerized tomography (CT) scanning 11, 20 , bioluminescent imaging (BLI) of tumor cells expressing a marker gene such as luciferase 22 , or metabolic imaging such as positron emission tomography (PET) scanning, has also been reported 23 ( Table 1) .
Computerized tomography
CT is the imaging modality of choice for screening, diagnosis and monitoring of lung cancer in humans because of its high resolution, speed of data acquisition and ability to detect subcentimeter nodules 24, 25 . On the basis of this success in humans, multiple groups have adapted micro-CT to mouse models of lung cancer and have used this technology for both detection and serial monitoring of the disease 11, 26 . However, micro-CT can deliver radiation in doses ranging from 0.22 to 0.76 Gy per scan 20, 27 . Although such radiation doses are several log-fold lower than the therapeutic doses typically used to treat lung cancer 28, 29 , the possibility that radiation delivered by micro-CT can affect tumor growth, especially with serial imaging, must be considered. In addition, the cumulative effects of serial CT scans on the immune system need to be taken into account when designing long-term drug studies. Doses of whole-body irradiation as low as 2.7-4.2 Gy (5-6 micro-CT scans) can result in peripheral lymphopenia, leading to homeostatic proliferation of the remaining native T lymphocytes as they expand to repopulate the immune system [30] [31] [32] . As T cell homeostatic proliferation can lead to a tumor-immune response 33 , even low doses of radiation may confound therapeutic studies. Although both PET scanning and BLI can provide information regarding tumor burden, either by uptake of a radioactive tracer (PET) or by detection of tumors engineered to express luciferase (bioluminescence), the anatomic resolution of both modalities is low ( Table 1) 23,34 (e.g., typical spatial resolution of small-animal PET is 1-2 mm (ref. 35) ). Despite these limitations, all three of these imaging modalities have had an important role in preclinical small-animal studies of tumor therapy 20, 23, 26 . However, an imaging modality with high anatomic resolution that avoids ionizing radiation, and that requires neither introduction of foreign genes into the tumor nor extraneous manipulation of a tumor cell line, may be advantageous for small-animal studies of lung cancer.
Quantitative monitoring of mouse lung tumors by magnetic resonance imaging
Magnetic resonance imaging MRI is a powerful imaging tool for characterizing animal systems and animal models of disease. In vivo MRI is a noninvasive and nondestructive technique that enables a wide variety of longitudinal (time-course) studies that are not possible with other destructive analytical methods. The vast majority of clinical and preclinical MRI studies involve the detection of signal from hydrogen nuclei in water. The observed signal depends on both the amount of water present in the sample and on the relaxation properties of that water. In magnetic resonance, spins are often characterized by two characteristic relaxation times: longitudinal (T1) relaxation, describing the return to equilibrium of the magnetization after radio frequency (RF) excitation, and transverse (T2) relaxation, describing the loss of signal following RF excitation. Further details about MRI, including T1 and T2 relaxation, can be found in a variety of standard NMR and MRI textbooks [36] [37] [38] . For the practical use of MRI (and the purposes of this article), it is sufficient to know that the water molecules in different tissues and organs often have different relaxation times, as do healthy and pathologic tissues. These differences in either T1 or T2 (or both) can be exploited to provide the contrast necessary to generate high-resolution MR images.
MRI signal intensity, which depends on the density of water in soft tissue, has been well developed for the study of primary brain 39 , prostate 40 and liver tumors 41 , as well as for the evaluation of malignancies in many other organs and tissues. Lungs, however, present unique challenges for MRI, which required the development of new and innovative methods [42] [43] [44] . The unique challenges to lung MRI are (i) low tissue density and low water content within the lung, which severely limits the signal-to-noise ratio; (ii) variations in magnetic susceptibility associated with the many airtissue interfaces of the alveoli and bronchioles, which result in short T2* and T2 relaxation time constants, thus further contributing to low signal-to-noise ratios (T2 characterizes the decay of signal due to magnetic susceptibility in the absence of static magnetic field inhomogeneity; T2* characterizes the loss of signal due to both magnetic susceptibility and static field inhomogeneity 36 ); and (iii) respiratory and cardiac motions, which lead to significant image blurring in the absence of motion-synchronized data acquisition. Here we present a protocol for quantifying pulmonary tumor burden, of both primary lung cancer and metastatic disease to the lung, using small-animal MRI. These protocols have been used by our group in multiple settings for identification and serial examination of both individual, submillimeter lesions (minimum detection limit is a diameter of ~0.5 mm) and extensive tumor metastases, in which tumor tissue replaces a large portion of healthy lung parenchyma in one or both lungs 42, 43, [45] [46] [47] [48] . We have further defined and validated a nearly fully automated algorithm for segmenting mouse lung MR images that allows for the rapid estimation of metastatic lung tumor burden 49 . The lung is a particularly favorable case for the development of automated methods to estimate tumor burden, as tumors appear as bright features against a dark image background of healthy lung. The semiautomated method described herein could likely be extended to other organ systems (e.g., liver, brain), although this would require the (nontrivial) development of appropriate shape and signal models for healthy organ tissue and tumor. In total, the protocols in this manuscript will prove to be invaluable for the characterization of mouse experimental models of lung cancer, thereby advancing the development of new treatments for pulmonary malignancies.
Comment regarding the equipment. The equipment described in the MATERIALS section represents our laboratory's preferences. However, all equipment can be modified according to an investigator's individual needs and preferences. Photos of selected large equipment (Supplementary Fig. 1 ) and small-animal equipment (Supplementary Fig. 2 ) required for the acquisition of MR images are provided.
Manual segmentation/volume calculation of primary (discrete) lung tumors Primary lung cancer in mice leads to the presence of one or more well-defined, discrete tumors within the lungs. Typically, primary lung tumors range in size from 0.5 to 4.0 mm in diameter.
These tumors can be identified as bright spots against the dark background image of healthy lung tissue. In these mice, lung tumor volumes for each tumor can be calculated by drawing regions of interest (ROIs) around each of the observed nodules, calculating the cross-sectional areas within an imaging slice, multiplying by the slice thickness and adding together volumes from contiguous slices corresponding to the same common tumor. The total tumor burden for a given mouse is then simply the sum of the volume of each individual tumor within that animal.
Manual segmentation/volume calculation of metastatic (diffuse) lung tumors The techniques described above are appropriate for quantitatively measuring tumor volumes in mice with primary tumors, in which multiple well-defined, discrete tumors are observed. However, for metastatic disease, in which tumors are diffuse and not amenable to being circumscribed by individual ROIs, an alternate method for assessing total tumor burden is needed. We have recently shown that for mice with diffuse tumors, average MR lung image intensity provides an accurate measure of total lung tumor burden 49 . Figure 1 is a plot showing the correlation between average MR lung image intensity and tumor burden, as derived from measured lung weight. To account for small experiment-to-experiment differences in absolute image intensity due to variations in RF coil tuning or animal positioning, the average MR lung image intensity is normalized to that of the liver within each animal. In considering these measurements, it is useful to distinguish and discuss separately three different cases: (i) assessing, qualitatively, lung tumor burden in the same mouse at two or more time points (e.g., monitoring tumor progression or therapeutic response); (ii) measuring relative lung tumor burden across a series of mice; and (iii) measuring absolute lung tumor burden across a series of mice, as illustrated in Figure 2 . 
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Automated segmentation/volume calculation of metastatic (diffuse) lung tumors
In calculating average mouse lung image intensity, the laborintensive, time-consuming step is segmentation of the lungs. The throughput and efficiency of the analysis procedure would be greatly aided by the ability to accurately and automatically segment the lungs throughout the mouse. Our recent publication showing the utility of average lung image intensity for quantitatively measuring lung tumors also validated a new algorithm developed for segmenting lung 49 . This new algorithm was implemented using code written and developed within MATLAB and has been used extensively in our laboratory to decrease both the time and effort necessary to quantitatively monitor metastatic pulmonary tumor burden in the mouse. The procedures for installing this MATLAB code and for automated lung segmentation and tumor mass calculation using this code are described below. The necessary MATLAB *.m files are included as Supplementary Data to this article. , and injected intraperitoneally (i.p.) for a total dose of 1 mg per g body weight, as previously described To induce tumors, dissolve urethane in sterile saline to a final concentration of 100 mg ml − 1 . (Although urethane represents our laboratory's choice for induction of mouse lung cancer, the use of other carcinogens, such as benzo[α]pyrene, has also been described 45 .) Inject mice i.p., at a dose of 1 mg kg − 1 , using a 100 mg ml − 1 solution; this corresponds to 10 µl per g of body weight (i.e., a 25-g mouse is injected with 250 µl of the 100 mg ml − 1 urethane solution).
MaterIals

REAGENTS
Intravenous injection of metastatic tumors
The total time required for tumor cell-line injection is 1 h. In our experience, a single-cell suspension injection, consisting of 2.5 × 10 5 B16 mouse melanoma tumor cells, will yield tumors visible by MRI and visual inspection by 2 weeks after injection, with requisite animal euthanasia ~3 weeks after injection. Tumor cell lines such as B16 melanoma show optimal in vivo growth when injected during the logarithmic phase of growth (at ~50% confluence, in vitro).
For tumor injection, lift off B16 melanoma from a tissue culture flask when it reaches 50% confluence by incubating with 1× trypsin-EDTA solution at 37 °C for 5 min. Neutralize the trypsin-EDTA with FCS at a 1:1 ratio and wash the cells to remove all traces of trypsin-EDTA. Next, resuspend tumor cells in sterile saline at a concentration of 1 × 10 6 cells per ml and filter through a 40-µm cell strainer to obtain a single-cell suspension. Inject 2.5 × 10 5 cells (250 µl) intravenously to establish uniform pulmonary metastases. EQUIPMENT SETUP Varian/Agilent MRI scanner The scanner setup includes: a Varian/Agilent DirectDrive MRI electronics console ( Supplementary Fig. 1b,c) ; Magnex/ Agilent 20-cm inner diameter self-shielded, high-performance gradient coils (Supplementary Fig. 1d ; max gradient strength: 28 G cm − 1 , rise time: 650 µs); high-power RF amplifiers, installed within the DirectDrive MRI electronics console (Supplementary Fig. 1c ; 2× American Microwave Technologies (Herley Industries, model M3200)); gradient amplifiers (International Electric Company, model GPA-200-350; Supplementary  Fig. 1e) ; Dell Linux PC + LCD monitor (Dell, model no. 390); and a 2.5-cm 'birdcage-style' RF coil and shield (Stark Contrast; Supplementary Fig. 2a ). Note: a wide variety of different RF coils can be used for the acquisition of MRI data. Because of the need to image the full lungs of the mouse, a volume coil is preferred to a surface coil for this application. As a general rule, the smallest coil into which the mouse can be inserted and that covers the full chest cavity of the mouse should be selected. Respiratory monitoring unit Our respiratory monitoring unit was designed/constructed in-house at Washington University; details are available in Garbow et al. 50 ( Supplementary Fig. 2b ). Alternatively, a commercial animal monitoring unit that includes respiratory monitoring can be purchased and used, such as the Small Animal Monitoring and Gating System, model no. 1025 (SA Instruments).
The key requirement is that the monitoring unit generate a 0/+ 5 V transistor-transistor logic (TTL) signal that can be used to trigger data acquisition on the MR console. ), secure the mouse to the nose cone with a strand of fishing line looped around its upper front teeth. Gently pull the fishing line to draw the animal's snout into the cone, loop the line around the tubing used to deliver the anesthesia (to keep it from slipping) and secure it with masking tape (Fig. 3a) . ? trouBlesHootInG 4| Deliver contrast. Deliver contrast by injecting a 500-µl bolus of MultiHance (Gd-based MR contrast agent) i.p. using a 1-ml syringe with a 29-G needle.
5| Position the mouse. Position the mouse within the RF coil.
6| Stretch the mouse's hind legs and tape them to its tail using ½-inch masking tape.
7|
Position the mouse prone within the RF coil. The details of securing the mouse are highly coil dependent, but the animal should be placed such that its chest cavity is at the center of the coil, as shown in Figure 3b. 8| Position the RF coil assembly.
9|
Insert the RF coil into the RF shield (Fig. 3c) .
10|
Place the full assembly into the animal tray (Fig. 3d) .
11| Position the animal tray in the magnet, being sure to place the RF coil assembly at the center of the magnet field/gradients (Fig. 3e) .
12| Check the tuning of the RF coil, using the Morris tuning unit, observing reflected power at the hydrogen resonance frequency. Adjust the coil tuning as necessary (the details of tuning are highly coil dependent, and thus no simple set of universal instructions can be provided).
13|
Maintain the mouse's body temperature at 37 ± 1 °C throughout the imaging experiments by circulating warm air from a heat gun through the bore of the magnet. Slide the animal tray in or out of the magnet, as necessary, so that the mouse's chest cavity is positioned at the center of the sagittal image. ? trouBlesHootInG 16| Use the sagittal image to plan a second scout scan; collect this scout scan (single slice, transaxial view through the center of the chest cavity) with the same experimental parameters used to collect the sagittal image (Step 15). Rotate the animal tray, as necessary, so that the mouse's spine is at the top of the transaxial image.
? trouBlesHootInG 17| Using a one-pulse spectroscopy pulse sequence, shim the magnetic field manually or with an automated shim procedure to improve its homogeneity. At 4.7 T, we typically observe a proton line width (full-width at half-maximum) for water in vivo of 100 Hz or less after shimming.
18| Perform a pulse calibration using a one-pulse spectroscopy pulse sequence; e.g., at fixed transmitter power, measure the intensity of the water signal as a function of pulse length. Enter the appropriate values into the pulse calibration table within the scanner's operating software.
19| Collect high-resolution, respiratory-gated spin-echo images of the mouse lung.
Modify the spin-echo pulse sequence, as necessary, to permit respiratory monitoring/gating with a variable number of image slices collected per respiratory period (Box 1).
? trouBlesHootInG 20| Plan a series of coronal slices to cover the lungs, typically 21-25 0.5-mm-thick slices; transfer the plan to a custom-written respiratory-gated spin-echo pulse sequence.
? trouBlesHootInG Box 1 | Modifying the spin-echo pulse sequence and choosing experimental parameters for respiratory-gated mouse lung imaging 1 . The spin-echo pulse sequence used to collect mouse lung MR images must be modified for collection of respiratory-gated data. In general, most pulse sequences (including all of those supplied with the Varian DirectDrive console) contain a flag for an external input signal that can be used to trigger data acquisition. In the unlikely event that this flag is not present, it should be added at the beginning of the pulse sequence. 2. Nevertheless, even pulse sequences that contain a flag for triggering acquisition must be modified, as detailed below. Standard spin-echo pulse sequences divide the time period defined by the TR into N equal parts, where N is the number of slices of image data to be collected, and acquire data on an individual slice every (TR/N) seconds. However, this is not appropriate for respiratory-gated data, in which one would like to collect data from several imaging slices during each postexpiratory (PE) period, but gather no data during the time between PE periods. 3. To accomplish this, it is necessary to break up the loop in the pulse sequence used to collect data across slices into a pair of loops.
The inner loop controls the number of slices (a grouping) to be collected during one PE period. In our pulse sequences, we define the number of slices in a grouping by the variable eprg. The outer (existent) loop then controls the number of such groupings that are required to cover all of the slices. This scheme places modest limitations on the number of slices that must be collected (e.g., the total number of slices must be evenly divisible by eprg). 4. Let us consider a specific example: assume that the mouse's respiratory rate is 2 s − 1
, a normal rate for a warm animal under proper anesthesia. This respiratory rate produces a PE period of 250-300 ms per breath. With a typical TE of 30 ms and allowing several ms for data collection, the time required to acquire data for one image slice is ~50 ms. Thus, one can collect a maximum of perhaps five slices of data (eprg = 5) per PE period (250 ms/50 ms = 5). Clearly, data for a smaller number of slices can also be acquired per PE period. 5. Within this requirement, the values for total number of slices (ns) and eprg must be selected so that ns is an integer-multiple of eprg. Thus, if one needs to collect ~25 slices of data to cover the entire lungs, acceptable combinations of ns and eprg include the following: ns = 25; eprg = 5; ns = 24; eprg = 4; ns = 28; eprg = 4. Although not seriously constraining, the user must be aware of this limitation when designing respiratory-gated experiments and choosing specific pulse-sequence parameters. 6. Finally, the order in which data for the slices is collected must be 'shuffled' to ensure that images from adjacent slices are not acquired during the same PE period. The frequency-selective pulses used to select individual slices are not ideal and there can be some 'bleeding' of the RF excitation into adjacent slices. As data from slices within a grouping are collected within the short time of a single PE period, this can lead to saturation and subsequent diminution of signal. This shuffling is the equivalent of 'interleaving' slices, a standard practice when acquiring non-respiratory-gated, spin-echo data. A simple macro can be written to accomplish the necessary shuffling of slices. 
26|
We have shown previously that coronal MR images provide useful visualization of lung tumors and facilitate measurement of tumor volumes 42, 43 . The quantitative correlation of MRI-derived tumor volumes with those measured by histology is shown in ref. 42 . Use ImageJ to load a stack of contiguous, coronal orientation MR images that span the entire mouse.
27| By using ImageJ, create a montage of these images on the screen: Image→Stacks→Make Montage. Accept the default values within the Make Montage dialog box.
28|
Set the distance scale to properly convert pixels on the screen into measurable distances (Steps 28-32). Under the Analyze menu, select 'Set Scale' .
29|
In the Set Scale dialog box, enter the number of pixels in the acquisition matrix into the field labeled 'Distance in pixels' (as described in Step 22, our default setting is 128).
30|
In the Set Scale dialog box, enter the length dimension from the FOV used in acquiring the images into the field labeled 'Known distance' (as described in Step 22, our default setting is 25 mm).
31|
In the Set Scale dialog box, enter 'mm' into the field labeled 'Unit of length' . 32| Click OK or hit < Enter > . ImageJ will capture the information needed to convert square pixels, defined in the ROIs to be traced, into a cross-sectional area, measured in units of mm 2 .
33| Open the ROI manager: Analyze→Tools→ROI Manager. Move the ROI Manager dialog box to a convenient location on the screen that does not overlap the montage of images. To illustrate the method of defining ROIs, Figure 4 shows four out of the 20-24 images used to create a typical montage. A full montage, containing 24 coronal sections, is shown later in Figure 5 .
34|
Create ROIs in the images that define a tumor of interest (Steps 34-37; see also supplementary Video 1). Select the polygon selection drawing tool (third icon from the left) on the ImageJ menu (Fig. 4a) .
35|
Outline the ROI through a series of left mouse clicks (each left mouse click specifies a vertex) until the tumor is completely outlined. Close the ROI by double-clicking at any point (ImageJ will automatically connect the 'double-clicked' vertex to the point of origin for the ROI) or by left-clicking a second time on the point of origin of the ROI. Figure 4b shows an ROI drawn around one tumor in a single image slice.
36|
Add the ROI to the ROI Manager by clicking 'Add' within the ROI Manager dialog box (Fig. 4c) . This action will create an entry/label within the ROI manager corresponding to the outlined segment of the image.
37|
Proceed to the next (contiguous) image containing the same tumor of interest and repeat Steps 25-27 ( Fig. 4d) .
Continue until the ROIs defining the complete tumor have been drawn on a series of sequential images. Each ROI will have its own unique identification in the ROI manager.
38| Edit ROIs-individual ROIs can be easily edited at any time within ImageJ (Steps 38-41).
In the ROI Manager dialog box, click on the ROI to be modified.
39|
To reposition the entire ROI, place the cursor inside the ROI and drag it to a new position.
40|
To reposition an individual vertex of the ROI, place the cursor on top of a vertex and drag it to a new position.
41|
Save the edited ROI by clicking the Update button in the ROI Manager dialog box.
42| Save individual ROIs (Steps 42-45).
Click on the ROI to be saved in the ROI Manager dialog box.
43| Click on More→Save.
44| Navigate to the desired Folder, enter a name for the ROI under 'File name:' with the file extension .roi, and click 'Save' .
45|
The ROI will be saved with the file extension .roi.
46| Save a set of ROIs (Steps 46-48). Ensure that no individual ROIs are selected in the ROI Manager dialog box.
47| Click on More→Save. (Fig. 4e) .
50|
In the ROI Manager dialog box, click 'Measure' . A Results box will appear listing in the area of each individual ROIs under the column labeled 'Area' . The units will be specified by 'Set Scale' (Steps 28-32; Fig. 4f ).
51|
Sum the areas of all of the ROIs associated with a given tumor. To properly account for partial volume effects (Box 2), divide the areas of the first and last ROI by 2 before summing.
52|
Calculate the tumor volume by multiplying the summed area of all of the ROIs by the slice thickness used in acquiring the images. As described above in Step 22, our preferred slice thickness is 0.5 mm. The resulting value will be the MRIderived volume of a single tumor, in units of mm 3 .
53| Repeat Steps 34-37 and 49-52 for each individual mouse tumor in order to estimate its volume.
Manual segmentation/volume calculation of metastatic (diffuse) lung tumors • tIMInG ~30 min per mouse 54|
Manually segment metastatic tumors. Tumor burden can be assessed at three different levels of detail and quantification, as described below: option A can be used to assess, qualitatively, lung tumor burden in the same mouse at two or more time points (e.g., monitor tumor progression or therapeutic response); option B can be used to measure relative lung tumor burden across a series of mice; or options C and D can measure absolute lung tumor burden across a series of mice. Qualitative assessment of the lung tumor burden should be done in the same mouse at two or more time points. This application takes advantage of the previously discussed observation that in MR images of lung, healthy parenchyma appears dark, whereas tumor tissue is bright. Thus, as described below, progressive increase in tumor burden leads to an increase in average lung image intensity, compared with (normalized to) that of liver within the same mouse (Steps 54A(v) and 54A(vi) below). Similarly, decrease (or stability) in average, normalized lung intensity indicates regression (or stability) of pulmonary tumor burden. At each time point, perform the steps described in option A.
The measurement of relative lung tumor burden across a series of mice requires that imaging data first be collected for a series of healthy (i.e., not tumor-bearing), age-matched control mice (n = 5). For each control mouse, perform the steps described in option B. This procedure is limited to studying mice that are age and genotype matched to the cohort of control mice used to establish baseline image intensity for healthy lung. If one wishes to characterize tumors in a different species of mouse, lung images of an appropriate set of healthy control mice must be first collected and analyzed.
To measure absolute lung tumor burden across a series of mice, you first need to collect imaging data for both a series of healthy (not tumor-bearing), age-matched control mice (n = 5) and a training series of tumor-bearing mice (n = 10). Except as noted, the steps in option C should be applied to each (control and tumor-bearing) mouse. To use this information to determine lung tumor burden in the test series of mice, perform the steps in option D. (a) Qualitative assessment of the lung tumor burden in the same mouse at two or more time points (e.g., monitor tumor progression or therapeutic response) (i) Collect respiratory-gated, spin-echo images of the lung (coronal orientation), as detailed in Steps 19-24. Be certain that all experimental parameters, including scanner gain, are the same at each time point. (ii) By using ImageJ, load a stack of contiguous, MR images (coronal orientation) that span the entire mouse and create a montage of these images, as detailed in Step 27 (Fig. 5a) . (iii) Open the ImageJ ROI Manager as described in Step 33. (iv) Set the distance scale to properly convert pixels on the screen into measurable distances, as described in Steps 28-32.
Box 2 | Partial volume averaging
Each slice within an image represents the two-dimensional projection of all features within that anatomical slice onto the imaging plane. Observed imaging features may be completely or partially contained within that slice; from the image itself, there is no way of knowing. Partial volume averaging results when an imaging feature is only partially within the MR imaging slice. For an imaging slice at the edge of a tumor, there is no way to know, a priori, whether the tumor is fully or partially (and to what extent) contained within the slice. In calculating tumor volumes, we make the assumption that the tumor is 'half in' and 'half out' of the imaging slices at the edge of the tumor. Thus, for 'edge' slices, we divide the ROI-derived cross-sectional area, as described above, by 2 before summing the areas across all slices.
(v) Compute the average, normalized lung image intensity as described in Box 3.
(vi) Tumor burden at two or more time points can be assessed by comparing values of average, normalized lung image intensity; an increased value indicates increased tumor burden, whereas a decreased value indicates decreased tumor burden. Be certain that all experimental parameters, including scanner gain, are the same at each time point. (ii) As detailed above in Box 3, for each image slice containing observable lung, manually segment the lungs (left and right) and save the resulting ROI. In drawing lung ROIs, be careful to avoid image slices containing the heart, and to exclude both the thorax and the spine from the resulting ROIs. (iii) Compute the average, normalized (based on liver) image intensity for healthy lung, as detailed in Box 3. (iv) Compute the average, normalized image intensity for healthy lung across all animals by averaging together (simple, arithmetic average) the values computed in Step 54B(iii). (v) Having established the average, normalized image intensity for healthy lung, the average, normalized lung image intensity for each of the tumor-bearing mice is computed as described in Step 54A. (vi) For each tumor-bearing mouse, subtract the average, normalized image intensity for healthy lung, computed from the cohort of control animals, from its average, normalized image intensity. The resulting value provides a measure of relative tumor burden within the mouse. Values of relative tumor burden can be compared between animals and across time points of a longitudinal, time-course study.
Box 3 | Computing average, normalized lung image intensity
1. For each image slice containing observable lung, manually segment the lungs (left and right) and save the resulting ROI for each lung in each image, as described in Steps 34-37 and supplementary Video 1. At the completion of this step, each individual lung in each image will be its own ROI (Fig. 5b shows segmentation of the left lung; Fig. 5c shows segmentation of the right lung). In drawing lung ROIs, be careful to avoid image slices containing the heart (which, if visible, is highly blurred because of motion), and to exclude both the thorax and the spine from the resulting ROIs. We typically omit two or three slices per lung image that include the heart. supplementary Video 1 demonstrates the manual segmentation of mouse lungs using ImageJ. 2. After segmenting all of the slices containing visible lung and saving the corresponding ROIs, click 'Measure' . The ROI area, in units of mm 2 , and the mean intensity for the ROI in each image slice will be displayed in the pop-up table. 3. Save the 'Measure' table, if desired, by selecting 'Save As' from the 'File' menu. 4. Determine the average lung image intensity across all of the selected images by computing the product (ROI area × mean intensity) for each slice, summing these values, and dividing by the total of the ROI areas summed over all the slices. 5. Compute the average liver image intensity and normalize the lung image intensity based on liver:
• Select an image slice with clearly visible liver.
• Draw an ROI around a large, homogeneous section of liver, being careful to avoid obvious regions of either hyper-or hypointensity arising from pockets of lipid or vasculature, respectively.
• Click 'Measure' in the ROI Manager to calculate the average image intensity within the liver ROI. Divide the average lung image intensity, calculated above, by the liver image intensity to determine an average, normalized lung image intensity.
Box 4 | Computing absolute lung tumor burden
For each mouse: 1. Compute the volume of the segmented lungs by summing the lung ROI areas for every image slice and multiplying by the slice thickness. 2. Subtract the average, normalized image intensity for healthy lung, computed from the cohort of control animals (Step 54C(vii)), from the mouse's average image intensity, to obtain a corrected average, normalized image intensity. 3. Multiply the mouse's corrected average, normalized image intensity by its measured lung volume to generate the total MRI-measured tumor burden. 4. Plot the mouse's total MRI-measured tumor burden versus its corrected lung weight, as measured in Step 54C(v). [Avg_intensity,Lung_Volume] = Lung_Segmentation_Main 2. Execution of this command will cause the program to prompt the user to enter all of the necessary pieces of information:
• The directory containing the MR lung images, in *.fdf format, which are to be segmented (Fig. 6a) • A flag indicating whether the images must be rotated 90° before processing (necessary if the original images are oriented horizontally, rather than vertically; Fig. 6b ) • The slice number of the ventral-most slice with sizable lung area (Fig. 6c) • The slice number of the dorsal-most slice with sizable areas of both left and right lung (Fig. 6c) 3. To aid in the input of these values, a single lung slice from the specified folder of MR images is displayed when the user is prompted for the rotation flag, and a montage of all of the lung images is displayed when the user is prompted for the slice-number inputs. In the displayed montage, images are tiled ventral to dorsal, from left to right and top to bottom, beginning in the upper-left corner of the montage, and ending in the bottom-right corner. 4. Alternatively, the necessary information can be directly input as arguments in the MATLAB Command Window command line by typing:
[Avg_intensity,Lung_Volume] = Lung_Segmentation_Main(directory,rotate, ventral,dorsal) where directory is the path of the directory containing the lung images (entered as a string, i.e., within single quotation marks), rotate has the value of 1 or 0, depending upon whether rotation of the image is required (1) or not required (0), ventral is the slice number of the ventral-most slice with sizable lung area and dorsal is the slice number of the dorsal-most slice with sizable areas of both left and right lung. 5. Details about the command options can be found by typing the command:
help Lung_Segmentation_Main 6. After the program prompt, outline the exterior boundary of the lungs in the displayed image slice (Fig. 6d) .
• The left and right lungs should not be separated, but rather should be outlined within one continuous boundary.
• The lung is encircled with an ROI by left clicking on a series of vertices that create an outline of the desired polygon.
• The polygon can be closed by reclicking the starting vertex, or by double-clicking when selecting the final vertex.
• The ROI can be repositioned if necessary. To reposition the entire ROI, left click inside the ROI and drag it to a new position.
To reposition an individual vertex, left click the vertex and drag it to a new position.
• The polygon is finalized by double-clicking within the closed shape outlining the lungs.
• Detailed instructions on this interface are available in the MATLAB help file for the 'roipoly.m' function. 7. After the program prompt, click on the upper and lower center points of the displayed, segmented lungs (Fig. 6e,f) . These points should both lie along the median line of the animal, which may be distinguishable because of small amounts of spine visible in the segmented slice. The upper center point should be the point closest to the top of the image that lies along the median line within the segmented area. Similarly, the lower center point should be the corresponding point closest to the bottom of the image. 8. After the program prompt, outline a region of liver below the lungs in the displayed image slice (Fig. 6g) . The procedure for outlining liver is the same as that described for lung in step 6. Double clicking within the liver ROI initiates the automated lung segmentation routine. 9. The program displays a 'Progress Bar' that allows the user to follow the status of the segmentation. The execution time for a 15-slice segmentation (128 × 128 voxel images) on an Intel Core 2 Quad, 2.4 GHz Dell computer is ~3 min. An outline of how the program performs this segmentation is provided elsewhere in this protocol. 10. The program displays as output, within a MATLAB figure, a montage of lung images with automatic segmentation boundaries overlaid in red (Fig. 6h) . This montage can be saved from within the figure, if desired, in a variety of different formats, using the MATLAB 'Save As' command.
(continued) (iii) Calculate the total lung volume, as described above in Step 54C(viii). (iv) Subtract the average, normalized lung intensity calculated for the cohort of control (i.e., not tumor-bearing) mice ( Step 54C(vii)) to yield a corrected average, normalized lung intensity. (v) Multiply the corrected average, normalized lung intensity (Step 54D(iv)) and the total lung volume (Step 54D(iii)) to generate the total MRI-measured tumor burden. (vi) Use the calibration curve generated in Step 54C(viii) to convert this MRI-measured value into absolute tumor burden (mg). (vii) As noted above for the measurement of relative lung tumor burden across a series of mice, this procedure is limited to studying mice that are age and genotype matched to the cohort of control mice and the training set of tumorbearing mice used to establish the calibration curve of Step 54C(viii). If one wishes to characterize tumors in a different species of mouse, lung images of an appropriate cohort of healthy control mice and a training series of tumor-bearing mice must be first collected and analyzed 
Box 5 | Continued
11. The program also outputs (in the MATLAB Workspace window) values of the liver-corrected lung intensity (variable name = Avg_ intensity), averaged across all of the segmented slices, and the total segmented lung volume in voxels (variable name = Lung_Volume; Fig. 6i ). This volume can be converted to physical units (e.g., mm
3 ) by multiplying the voxel volume by the voxel size (as described in Step 22, our default setting is ~0.019 mm 3 ). 12. Note that in computing lung tumor burden, manual (Step 54A) and automatic (Steps 55-57) lung segmentations should not be mixed. All control, training and test animal data sets must be segmented automatically, as the average lung image intensities based on automatic and manual segmentation will not be the same (automatic segmentation does not exclude slices containing heart). 
antIcIpateD results
On the basis of our experience with these procedures over the past 5 years, we anticipate a learning curve of 24 animals (data acquisition) and 5-10 animals (image analysis) for any individual with a basic science background. These procedures are routinely executed in our laboratory by a veterinary technologist with basic animal handling skills, but no previous training or background in MRI data acquisition or image analysis before working in our laboratory. Verify that the provided files are installed into the directory specified in Step 55
Poor-quality automatic segmentations
Improper manual initialization Check manual inputs, including the starting and ending slice numbers, the manual lung segmentation and the selection of the center points, to verify that they comply with the instructions provided in Box 5
Improper positioning of the mouse Check that the mouse's lungs are roughly symmetric in the dorsal-most images. This corresponds to the mouse's spine being positioned at the top of the transaxial image 
